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Cancer and degenerative diseaseFe–S clusters are partners in the origin of life that predate cells, acetyl-CoAmetabolism, DNA, and the RNAworld.
The double helix solved the mystery of DNA replication by base pairing for accurate copying. Yet, for
genome stability necessary to life, the double helix has equally important implications for damage repair.
Here we examine striking advances that uncover Fe–S cluster roles both in copying the genetic sequence
by DNA polymerases and in crucial repair processes for genome maintenance, as mutational defects cause
cancer and degenerative disease. Moreover, we examine an exciting, controversial role for Fe–S clusters
in a third element required for life – the long-range coordination and regulation of replication and repair
events. By their ability to delocalize electrons over both Fe and S centers, Fe–S clusters have unbeatable features
for protein conformational control and charge transfer via double-stranded DNA that may fundamentally
transform our understanding of life, replication, and repair. This article is part of a Special Issue entitled: Fe/S
proteins: Analysis, structure, function, biogenesis and diseases.
© 2015 Elsevier B.V. All rights reserved.1. Introduction
Protein-bound iron–sulfur (Fe–S) clusters are among themost struc-
turally and functionally versatile cofactors in biology [1]. Iron–sulfur
clusters are extremely ancient components of modern protein
chemistry, likely arising spontaneously on polypeptides when the
Earth was anaerobic and iron and sulfur was abundant [2]. Indeed,
Fe–S chemistry may have played a role in the origin of life itself [3].
For example, Fe–S clusters reacting with marine CO2 from undersea
hydrothermal vents during the Hadean period (~4 × 109 years before
present) are proposed to provide a primitive analog of the acetyl-
coenzyme-A (acetyl-CoA) pathway, in which hydrothermal H2 acted as
an electron donor and marine CO2 as an electron acceptor effectively
initiating a pathway for the transition from inorganic chemistry to
biochemistry prior to cells [4]. More generally, the high levels of iron
and sulfur on Earth, their ability to readily assemble into complexes
with tunable charge transfer activity, and the pervasiveness of Fe–S as
biological prosthetic groups across all domains of life support the
hypothesis that Fe–S complexes were among life's ﬁrst catalysts [3].proteins: Analysis, structure,
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l.gov (J.A. Tainer).As organisms evolved, they could employ Fe–S complexes for their
metabolic pathways to generate organic molecules and to survive in
different environments [4]. However, the rise of oxygen in the
atmosphere and in the cell posed problems for Fe–S clusters as their
biologically useful reactivity alsomakes them susceptible to inactivation
through cluster oxidation [5]. Furthermore, ironmediated DNA damage
via the Fenton reaction provided yet another mechanism for oxygen
cytotoxicity that threatens genetic inheritance [6]. As a result, many
Fe–S clusters in proteins were lost or replaced with other less oxygen
sensitivemetals like zincunless therewere speciﬁc selective advantages
to the Fe–S cluster that outweighed its vulnerability to oxygen or they
adapted to tolerate oxidation within the protein scaffold. In fact, redox
inactive zinc is the metal of choice for nucleic acid binding proteins
with zinc ﬁnger proteins being the largest family of regulatory proteins
inmammals [7]. Zn also provides interactions amongDNA-binding sub-
units as in the Rad50 Zn hook [8], and catalytic sites as in endonuclease
IV, which cuts the DNA backbone at abasic sites [9].
Until recently, only a handful of DNA binding proteins—all
glycosylases—were known to have Fe–S clusters, and it was generally
assumed that most nucleic acid processing enzymes did not, and
would not, have Fe–S clusters due to their oxygen sensitivity and possi-
ble toxicity. This view changed with the breakthrough discovery of an
Fe–S cluster in the DNAhelicase XPD and its associated familymembers
that act in DNA repair [10]. In the last few years, all replicative DNA
polymerases and the helicase-nuclease Dna2, which participates in
Okazaki fragment processing during replication, were found to contain
Fe–S clusters [11,12]. Researchers were slow to discover the Fe–S
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with intact clusters, and the lack of recognizable sequence motifs
revealing the presence of an Fe–S cluster. Generally, protein metal
sites are predicted using sequence-based strategies, however, many
metal sites are missed before detailed structural and biochemical
analyses, and many recombinant proteins can have an incorrect metal
ion [13]. The features of Fe–S clusters make it difﬁcult to replace them
functionally with other metal ion co-factors. Among the activities
under increasing interest and investigation is DNA-mediated charge
transfer (DNA CT), an idea pioneered by Jacqueline K. Barton at the
California Institute of Technology, that proposes Fe–S enzymes ﬁnd
DNA damage by probing DNA integrity electronically [14].
In general, charge transfer is actively investigated as a fascinating
charge migration phenomena pertaining to novel aspects of molecular
electronics in supramolecular-scale systems. These investigations are
providing keystone information for relationships of structure, energetics,
and electron transfer with potential for advances in biology, medicine
and synthetic biology at the nano and mesoscales. For proteins, electron
transfer is facilitated by electrostatic interactions that drive pre-collision
orientation to promote transient complexes for direct electron transfer,
as seen for plastocyanin-Cyctochrome C [15]. For enzymes, electron
transfer is speeded by electrostatics that can drive substrate interactions
to be faster than diffusion as computationally and experimentally shown
for superoxide dismutase interactionswith superoxide [16,17]. For DNA,
charge transfer requires the intact DNA duplex and may be modiﬁed
by bound proteins or other electrostatic modiﬁers. Understanding,
predicting, and controlling DNA CT has implications for biology and
nanomedicine as well as for the design of DNA-based sensors and
single molecule devices [18–20].
For example, biological processes are typically considered in terms
of interactomes, as lists of relevant direct macromolecular interactions.
Molecular concentrations and binding afﬁnity dictate which complexes
are formed. The on and off rates determine the timescale, and their ratio
determines the interaction afﬁnity and thereby speciﬁcity. For chromo-
somes and DNA replication proteins, the concentrations in the cell are
low; yet, the evolutionary selection for efﬁcient and speciﬁc binding is
extremely high. DNA CT provides a different way to consider possible
interactomes and their timescale that merits attention.
As our knowledge of the roles of Fe–S clusters are emerging in
critical DNA processing enzymes (Fig. 1), we are discovering that
they are essential for their activities; yet the presence of Fe–S clusters
remains puzzling. Why have Fe–S clusters been retained as key struc-
tural and functional components of DNA processing enzymes when
ironmediatedDNAdamage poses such a threat toDNA integrity and ge-
nome maintenance? Replication and repair proteins having cofactors
whose fundamental chemistry can endanger DNA is a paradox that
has been largely ignored. We believe that there has been a huge
hole in understanding DNA metabolism from the essential functions
of Fe–S proteins in DNA replication and repair. This hole is being
ﬁlled by solid biochemical, genetic and structural data that reveal
Fe–S enzyme structures and roles in DNA replication and ﬁdelity
and how defects in Fe–S clusters can cause cancer and developmental
diseases in humans.
Herewe review the structural biochemistry of known classes of Fe–S
cluster enzymes involved in nucleic acid processing, their shared Fe–S
cluster maturation machinery, connections to disease, and unique fea-
tures that suggest why these ancient co-factors have survived billions
of years of evolution in an oxygen-rich world. In fact, current results
suggest that Fe–S clusters are central to all life as key functional compo-
nents of DNA replication and repair as well as of electron transfer and
biochemical metabolism.
2. The nature and structure of Fe–S clusters
Why are potentially toxic and mutagenic Fe–S clusters conserved in
proteins that directly interact with DNA?We know that reactive iron isused in DNA binding proteins when the iron is catalytically active, as
shown for the oxidative demethylases, such as human ABH3 [21].
However, there are no cases, other than Fe–S clusters, where reactive
iron has been proposed for structural roles in DNA binding. Two of the
simplest and most common Fe–S clusters found in nature are [2Fe–2S]
and [4Fe–4S], which can be spontaneously assembled by mixing
Fe2+or Fe3+ and S2− in a reducing solution. Two [2Fe–2S] clusters can
reductively couple to form one [4Fe-4S] cluster. And [4Fe–4S] clusters
also can be oxidatively decoupled to form two [2Fe–2S] clusters [22].
Fe–S clusters in proteins typically possess Fe2+/3+ and S2− and are
ligated by cysteine residues. The main function of Fe–S clusters has
generally been thought to be electron transfer and storage. The redox po-
tential of Fe–S clusters can range from over−600 mV to over +400 mV
[23]. Although the abundance of Fe–S cluster proteins varies from dif-
ferent organisms, [4Fe–4S] clusters are still nature's favorite Fe–S
clusters. In Escherichia coli, an estimated 90% of Fe–S cluster proteins
are [4Fe–4S] cluster proteins; the other 10% of Fe–S cluster proteins
have [2Fe–2S] and [3Fe–4S] clusters [1].
The cubane-type [4Fe–4S] clusters (Fig. 2A) have four oxidation
states: [4Fe–4S]0, [4Fe–4S]1+, [4Fe–4S]2+, and [4Fe–4S]3+. Even
though they all have the same cluster arrangement, the electronic
structure and redox properties of these oxidation states are different.
Most [4Fe–4S] cluster proteins transfer one electron in each redox
cycle using either [4Fe–4S]1+/2+ or [4Fe–4S]2+/3+, but in some
particular cases, like nitrogenase, the Fe protein can have two
redox cycles [4Fe–4S]2+/1+/0 [24]. A low redox potential identiﬁed
as a [4Fe–4S]1+/[4Fe–4S]2+ redox couple can range from −300 mV
to −700 mV; for high potential iron sulfur proteins (HIPIP) with a
[4Fe–4S]2+/[4Fe–4S]3+ redox couple can have redox potential
from +100 mV to +450 mV [23,25,26].
The inequivalence of Fe states (Fe3+/2.5+/2+) can be sensitive to the
protein environment and electron properties of the cluster ligands. For
example, nucleotide (ATP or ADP) binding in nitrogenase can shift the
redox potential of the [4Fe–4S] cluster from −120 mV to −160 mV
[27]. In E. coli nitrate reductase A, one of the [4Fe–4S] clusters is ligated
with 3 cysteines and 1 histidine, and has a midpoint potential of
−55 mV, which is higher than the 4 cysteine-ligated [4Fe–4S] clusters
found in other subunits of this complex [28]. Interestingly, the cluster
ligandHistidine to Cysteine substitution results in the loss of enzyme ac-
tivity possibly due to the signiﬁcant decrease of the midpoint potential
to below−550 mV [28]. Besides electron transfer and storage roles,
Fe–S clusters can function in many diverse roles including structural,
substrate binding and activation, regulation of gene expression and
enzyme activity, iron or cluster storage, and sulfur donor [22,29].
Other alternative cluster ligands such as histidine, arginine, aspartate,
glutamate, tyrosine, threonine, enzyme substrates, glutathione, or
S-adenosylmethionine (SAM) have been found in the increasing
examples of proteins [23].
Fe–S clusters are best known for their activities in oxidation–
reduction reactions of mitochondrial electron transport, catalysis
by aconitase, generation of radicals by SAM-dependent enzymes, and
sulfur donors in biosynthesis [22]. These functions are important, and
mutations impacting such Fe–S cluster activities cause multiple
human diseases [30]. Yet, these Fe–S proteins are vulnerable to attack
by reactive oxygen species, which are regulated by enzymes such as su-
peroxide dismutase [31], and by nitric oxide, which is regulated by its
synthesis from arginine by nitric oxide synthases [32]. Yet, despite
their inherent susceptibility to oxidation and degradation, Fe–S clusters
have crucial advantages for some functions as they can bind or interact
with electron-rich enzymatic substrates, accept or donate electrons and
stabilize speciﬁc protein conformations.
3. Methods for Fe–S cluster determination and characterization
The ﬁrst mammalian DNA polymerase was puriﬁed in 1965 [33], yet
the discovery that DNA primase and replicative polymerases contain
Fig. 1. The emerging roles of Fe–S cluster enzymes inDNA replication and repair. Replication: Fe–S clusters are critical elements of DNAprimase, all replicativeDNA polymerases (DNApols
α and δ shown), and the nuclease/helicase Dna2 (shown on lagging strand 5′ ﬂaps). Nucleotide Excision Repair (NER): the 5′-N3′ Fe–S cluster helicase XPD opens a single stranded bubble
around duplex distorting DNA damage allowing excision of the damaged strand by endonucleases and the gap ﬁlling by DNA polymerase (DNA pol ε shown). Base Excision Repair (BER):
glycosylases Endo III / MutY and their role in the discovery and removal of damaged and mispaired bases. Telomere Maintenance: the helicase RTEL is involved in the unwinding of
telomeric D-loops that affects telomere length maintenance and HR in the region.
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spectively. This discovery lag was likely due to the instability of Fe–S
clusters during the multi-step puriﬁcation schemes needed to isolate
such enzymes and the lack of an easily recognizable conserved Fe–S
cluster sequencemotif. Given the importance of Fe–S clusters to biology
and to aid more rapid discovery, we consider several methods that can
be used to identify the possible existence of Fe–S clusters in proteins.
The ﬁrst indication that a puriﬁed enzymemay contain an Fe–S clus-
ter is the appearance of the protein solution. Fe–S cluster-containing
proteins usually exhibit a brownish color due to ligand to metal charge
transfer (LMCT). Such charge-transfer interactions are weak compared
to covalent bonds, and the energy of their transition into an excited
electronic state (charge-transfer or CT bands) occurs frequently in the
visible region of the electro-magnetic spectrum, resulting in intense
color for these complexes. The color is so striking that the papers de-
scribing the discovery of Fe–S clusters in the XPD helicase and the
yeast replicative DNA polymerases showed photos of tubes or bottles
ﬁlled with brown liquid [10,12]. The color of Fe–S cluster-containing
protein solution varies depending on cluster ligands and Fe oxidation
states. For example, a [2Fe–2S] cluster coordinated with two histidine
and two cysteine ligands in Rieske protein shows a pinkish color. For
[4Fe–4S] cluster proteins, a color change from brown to yellow or to
loss of color during puriﬁcation or storage in the presence of oxygen
can signal oxidation of the Fe–S cluster. Smell, as well as sight, can be
useful in suspecting the presence of an Fe–S cluster. Release of H2S gas
upon acidiﬁcation was the ﬁrst indication that endonuclease III
contained an Fe–S cluster [35]. If an enzyme is suspected to contain an
Fe–S cluster, then it becomes important to consider anaerobic puriﬁca-
tion and storage to avoid damaging the cluster until tests show
otherwise.
Sequence alignments of homologous proteins can help identify con-
served cysteine residues. Three or more conserved cysteine residuesmight indicate that these cysteines participate inmetal bindingwhether
it is Fe or other metals such as Zn, Cu or Ni. Sequence alignment of
eukaryotic and archaeal XPD homologs identiﬁed a conserved domain
between the Walker A and B ATPase motifs that had four conserved
cysteines [10]. Moreover, metallomics and metalloproteomics may
increasingly ﬁnd their place with genomics and transcriptomics as key
approaches to understanding complex biological systems, as only half
the existingmetalloproteins are predicted to be knowneven inmicroor-
ganisms [36]. Except for selenocysteine, which is incorporated by
repurposing the UGA nonsense codon [37], metalloproteins depend
upon the cell for proper metal site incorporation [38]. Misincorporated
metal ions can be toxic and mutagenic as seen for cadmium, which can
become incorporated into the MutS mismatch repair dimer resulting in
a highly mutagenic phenotype [39]. Heterologously expressed proteins
may have the incorrectmetal ion or nometal ion inserted [36,40], so the
absence of an Fe–S cluster in a recombinant protein does not rule out
the cluster. Furthermore the use of a His-tagged construct and its
puriﬁcation over metal afﬁnity columns can remove metal ions from
cysteine ligands [41]. If there is a question regarding the presence of
an Fe–S cluster, native biomass is the best source for metal ion analyses
[13]. During X-ray data collection for structural analyses, cysteine and
metal ions are electrophilic targets for electrons ejected by synchrotron
radiation, and ascorbate may protect against metal ion reduction and
loss [42].
The iron content of puriﬁed protein can be quantiﬁed by colori-
metric assay, inductively coupled plasma mass spectrometry (ICP-
MS), or atomic absorption spectroscopy (AAS). Colorimetric chela-
tion assays can use several different reagents including ferrozine,
bathophenanthroline, or phenanthroline [10,43,44]. A phenanthroline
iron chelation assay was used to determine the iron content of
Thermoplasma volcanium XPD mutants [10]. ICP-MS is a more sensitive
method, and was used for determining the iron content of Ferroplasma
Fig. 2. Structure of [4Fe–4S] clusters and their placement in DNA processing enzymes. A) [4Fe–4S] cluster with 2Fo-Fcmap in contour 4σ (PDB: 1WEI [251]). Fe and S are shown as brown
and goldenrod spheres, respectively. B) Distinct schematic sequence architecture for Fe–S clusters in DNA replication and repair proteins. The distinct patterns of placement for the Fe–S
clusters relative to catalytic domains suggest their sequence location along with their three-dimensional topology provide a potential means for differential DNA CT activities suitable to
coordinate replication and repair pathways. In one of the simplest models, the C-terminal placement of the Fe–S clusters in glycosylases and polymerases might impact the DNA afﬁnity
and hence exchange rate versus processivity. The Dna2 helicase/nuclease and the XPD family helicases have Fe–S clusters inserted into catalytic domains suggesting a tight linkage
between cluster and catalytic activities. The unique placement of the XPD family Fe–S cluster within the HD1 catalytic domain supports its role as a sensor for double helix disruption.
These and other testable roles emerge from the sequence architectures and structures analyzed here.
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content of FancJ wild-type and mutant proteins [46]. A colorimetric
assay is the most efﬁcient method: it can detect the sample limit
up to ppb 10−9 (nM) range, which is similar to the AAS method
[43]. While ICP-MS has a high running cost, it can detect sample
limit to ppt 10−12 (pM) range.
Fe–S clusters have spectroscopic properties that can be measured
using standard absorptionmethods or using electron paramagnetic res-
onance (EPR) or Mössbauer spectroscopy. [2Fe–2S]2+ clusters have an
absorption band at 330 nm with broad shoulders at 460 nm and
550 nm [47], and [4Fe–4S]2+ clusters have a broad absorption centered
at 390 nm [48] by UV–Vis spectroscopy. Furthermore, EPR and
Mössbauer spectroscopy can provide the information of cluster types
and their oxidation states. The [4Fe–4S]2+ clusters are diamagnetic
(S = 0) at ground state and are EPR-silent, but can be reduced to an
[4Fe–4S]1+ state to become EPR-active with a strong reducing agent
such as sodium dithionite, which has redox potential of −660 mV
[49], or Cr(II) EDTA with a redox potential of −1000 mV [50]. The
[4Fe–4S]1+ state is paramagnetic, which has S =½ ground state, and
gives g = 1.94 EPR signal. The oxidized [4Fe–4S]3+ state, typically
seen in HIPIP protein, exhibits S = ½ and a g = 2.01 EPR signal [51].
By Mössbauer spectroscopy, [2Fe–2S] clusters typically have quadrupole
splittingΔEQ=0.4–0.8mm/s and a chemical shift of δ=0.25–0.30mm/s
[51], whereas [4Fe–4S]2+ and [4Fe–4S]1+ have ΔEQ = 1.22–1.6 and
0.83–0.98 mm/s and δ = 0.44–0.59 mm/s at 4.2 K [52,53]. The above
characteristics can support the existence of Fe–S clusters in a protein.
However, EPR requires [Fe–S] cluster proteins to be EPR-active (i.e.
electronic spin S N 0, and non-integer) and usually needs 100 μM to
1 mM protein concentration, while Mössbauer experiment usually
requires at least 0.5 mM of protein concentration [52,54]. Even
though Mössbauer experiments need high protein concentrations,
Mössbauer spectroscopy has the capability to show electronic prop-
erties of each Fe site of the cluster, the coupling nature between Fe
atoms, and oxidation state determination of the cluster. Circular Di-
chroism (CD) spectroscopy can detect unique spectroscopic charac-
teristics of Fe–S clusters in the visible wavelength region. It has
been used to characterize the existence of Fe–S clusters and monitor
the Fe–S cluster formation [55]. Magnetic Circular Dichroism (MCD)provides useful information of Fe–S cluster types and spin states, which
can be a complementary method to EPR, especially for the EPR-silent
Fe–S clusters [56]. Resonance Raman (RR) has been used to study the
function andproperties of Fe–S clusters. The useful Fe–S stretching region
and vibrational frequencies were used to study the role of [4Fe–4S]
cluster in Endonuclease III [57]. However, the ﬂuorescence induced
from the sample can overwhelm the Raman signals. X-ray absorption
(XAS) spectroscopy has been used to investigate the detailed local
geometry and electronic structure of Fe–S clusters and is never silent
to X-ray absorption spectra [58]. XAS provides the distances of Fe–Fe
and Fe–S in oxidized and reduced states of [4Fe–4S] clusters, which
can be used to study the impact on Fe–S clusters upon substrate binding
or protein conformational change. XAS also requires at least 1 mM high
protein concentration to generate good spectra.
Genetics and biochemistry may also provide clues as to the
presence of an Fe–S cluster. A synthetic lethal screen with the pol3-
13 allele, which is a mutation of a cysteine in the C-terminal domain
of yeast DNA polymerase δ, identiﬁed several genes that are now
known to be components of the cytosolic Fe–S protein assembly
machinery (MMS19, NBP35, DRE2, and TAH18) [12,59]. Although
this cysteine was widely believed to coordinate a Zn ion in DNA pol
δ, this synthetic lethality data provided the ﬁrst clue that this cyste-
ine may actually coordinate an Fe–S cluster [12]. Yeast XPD had been
genetically linked to MMS19 and was suspected to play a role in
stabilizing XPD, but a clear role for MMS19 was confounded by
proposed roles in diverse cellular pathways [60–62]. It was not until
after XPD was known to contain an Fe–S cluster that the role for
MMS19 in cluster assembly became clear. Co-immunoprecipitation
experiments with MMS19 revealed 12 known Fe–S cluster proteins
including the DNA processing enzymes XPD, FancJ, DNA pol δ, and
Dna2 as well as members of the cytosolic Fe–S protein machinery
[62]. Subsequent experiments conﬁrmed a direct role for MMS19 in
Fe–S cluster biogenesis and ﬁnally provided a molecular explanation
as to why MMS19 had been implicated in many different cellular
processes and protein complexes [62].
Lastly, determining the redox potential of Fe–S containing proteins
both on and off DNA is critical for gaining insights into protein
functions. Redox potential can be measured using an electrode either
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uses a redox mediator such as benzyl viologen (−360 mV), methylene
blue (11 mV), and ferricyanide (360 mV) to titrate the solution and
monitor the changes of the potential between two electrodes. Cyclic
Voltammetry (CV) has been used extensively in Fe–S cluster containing
proteins by applying constant or varying potential continuously or
stepwise at an electrode and measuring the changes of potential in a
protein solution [66].
Additionally, JacquelineK. Barton's groupdeveloped aDNAmodiﬁed
electrode to speciﬁcally detect the charge transfer throughDNAﬁlms on
a gold surface [67] or DNA duplexes on an highly oriented pyrolytic
graphite (HOPG) surface [68]. Electrons are transferred between protein
(i.e. Fe–S clusters) andboundDNA through theDNAbases and conducted
to modiﬁed gold or graphite surface. Several examples of Fe–S cluster
containing DNA binding proteins have been reported using DNA
modiﬁed electrodes to measure their redox potential [69,70], and
these proteins have been proposed to transfer charge to one another
through DNA in a process called DNA CT (discussed below). For DNA
binding proteins, the redox potential of the Fe–S cluster is typically
shifted by binding to polyanionic DNA. Notably, this shift will make
the Fe–S cluster and also its protein more vulnerable to oxidative
damage and degradation. Once an Fe–S cluster and probable cysteine
ligands have been identiﬁed, protein data bank searches, as developed
for metalloproteins, can give insights into possible Fe–S structures [71].
4. Unique role for Fe–S clusters in DNA processing enzymes
Charge transfer through DNA (DNA CT) occurs when electrons are
transferred between redox partners, both of which are bound to DNA,
in a path through the pi-stack of base pairs [72,73]. Intact double-
stranded DNA is able to mediate DNA CT over long distances. Yet, DNA
CT is extremely sensitive to perturbations in base pair stacking, such
that damage to a DNA base or the presence of a base mismatch
interrupts DNA CT. An intact DNA duplex is required for DNA CT:
single-stranded DNA that is unstacked cannot transfer electrons. DNA
CT thus provides an exquisitely sensitivemechanism todetect disrupted
DNA structure over long distances. Proteins that contain redox centers
such as [4Fe–4S] clusters can be both electron donors and acceptors
when bound to DNA. However, in the absence of DNA binding, the po-
tential of the 3+/2+ redox couple of the Fe–S cluster is signiﬁcantly
more positive and outside the range of physiological redox activity [68].
Upon DNA binding the redox potential shifts −200 mV into the
physiological range, switching the cluster into a mode where it serves
as a physiological redox switch. One of the many important insights
that the Barton group made is that this switch is activated only in the
DNA-bound form. DNA CT appears to be essentially distance-
independent; the efﬁciency of DNA CT over 100 base pairs has been
shown to be equal to that through a 17-mer [73]. The fact that DNA re-
sembles a wire, mechanistically, means that both short and very long
range signals are equally achievable. Aspects of DNA CT seem to have
potential differences from Marcus theory [74], including little distance
dependence, making this type of charge migration of great interest for
chemistry and physics.
DNA replication and repair processes require the orchestration of
cooperative activities as the intermediates are toxic and mutagenic.
Cooperative activities in general require efﬁcient communication
about the current state of the system. Cooperative activities in cellular
replication and repair require communication via interactions by
diffusing signalingmolecules, post-translational modiﬁcationmachinery,
or dynamic macromolecular interactions: all of these communication
events involve relatively short-range interactions as intermolecular ener-
gies are extremelydistancedependent. Suchdiffusiondependent interac-
tions have apparent limitations for the communication amongmolecular
machines engaged in replication and repair events across the genome.
The DNA CT activity originally discovered as a possible means of damage
transfer through the base stack [75,76] and extended into facilitating thedamage search by altering DNA glycosylase binding [72] and to commu-
nication between glycosylases and helicases from distinct repair path-
ways [69,77] changed our view of DNA from insulator-like to wire-like
for charge transfer [78]. Herewe comprehensively examine Fe–S clusters
structure-function in replication and repair. This broader analysis
supports DNA CT concepts developed by the Barton group toward long-
distance cooperative activities via DNA and extends them to propose a
broader application of DNA CT that we term DNA CTC for DNA charge
transfer communication (discussed in more detail in Section 10).
DNA CTC provides a potentially unifying mechanism of action for
Fe–S proteins, with their speciﬁcity arising from differences in the rate
of charge transport within individual proteins. The speed of moving
an electron from the DNA through the protein depends upon the dis-
tance between the DNA and the Fe–S cluster as well as on the composi-
tion of the intervening side chains. Aromatic tyrosine and tryptophan
residues can facilitate the transfer of electrons in proteins [79]. It follows
that conformational changes within the protein that bring the Fe–S
cluster closer to or further from the DNA contact point would change
the efﬁciency and speciﬁcity of DNA CTC. Mutations or small-molecule
effectors altering distance or side chain parameters would also affect
the efﬁcacy of DNA CTC. For example, the conserved Y82 residue in
E. coli endonuclease III is positioned close to the DNA backbone [80]
and an alanine substitution is defective in DNA CT [72].
The DNA processing enzymes we consider here have distinct se-
quence architectures regarding the placement of Fe–S clusters relative
to catalytic domains (Fig. 2B), which may provide a means for different
DNA CT activities and pathway coordination. The glycosylases and the
polymerases all have Fe–S clusters that are separable from catalytic do-
mains whereas the helicases and nuclease/helicase have insertions of
Fe–S clusters into catalytic domains (Fig. 2B). In the simplest of models,
the C-terminal placement of the Fe–S clusters in glycosylases and poly-
merases might impact the DNA afﬁnity and hence exchange rate versus
processivity. In contrast, the Fe–S cluster insertion into Dna2 and XPD
family helicases catalytic domains suggests a tight linkage between
cluster and catalytic activities. Furthermore, the unique placement of
the XPD family Fe–S cluster within the HD1 catalytic domain supports
its role as a sensor for double helix disruption. These sequence architec-
tures are reﬂected in atomic resolution structures (Fig. 3).
The Fe–S cluster of the XPD helicase is more intimately connected to
the globular structure of the catalytic core (Fig. 3A), whereas the Fe–S
clusters of DNA polymerase α (solved with a Zn atom in place of the
Fe–S cluster) and DNA primase are more separable from the cores
(Fig. 3B–C). In keeping with a lack of a conserved Fe–S sequence motif,
the folds around the Fe–S clusters are all different. The XPD Fe–S cluster
is coordinated bymixedα-helices and loops, the DNA polα Fe–S cluster
will likely retain the mixed β-sheet and loop structure that coordinates
the Zn atom seen in the structure, and the DNA primase Fe–S cluster is
coordinated entirely by α-helices (Fig. 3A–C). As structures with DNA
become available, more details about structural relationships between
the Fe–S clusters and the DNA will inform our understanding of their
activities and roles.
In particular, Fe–S clusters can greatly aid electron transfer by
delocalization of electrons over both Fe and S centers. As a polyanion,
DNA is resistant to nucleophilic attack, but not to Fe-mediated oxidation
and radical damage. If Fe–S clusters are not acting in charge transfer in
DNA replication and repair enzymes, but rather as structural co-
factors, then there are other ways to accomplish similar structural
roles for DNA binding proteins including replacement by metal ions
such as Zn, which is not susceptible to oxidation and degradation. In-
deed, both the Fe and the cysteine ligand sulfur are susceptible to oxida-
tion, and removal of cysteine from enzymes can increase their stability,
as seen for superoxide dismutase [81,82]. These collective observations
suggest that Fe–S clusters in DNAmetabolism result from genetic selec-
tion as biologically critical prosthetic groups with unusual chemical
properties that enable Fe–S proteins to more effectively function than
other structural elements and co-factors in pathways of DNA replication
Fig. 3. Fe–S cluster domains and folds inDNA processing enzymes. Top: Ribbon diagrams of overall protein architecture (orange ribbonwith surface representation) andplacement of Fe–S
cluster domains (colored in blue). Bottom: close-up view of Fe–S cluster domains. [4Fe–4S] cluster is shown as brown (Fe) and yellow (S) spheres. (A) crystal structure of XPD helicase
from S. acidocaldarius (PDB: 3CRV [112]); (B) crystal structure of C-terminal domain (CTD) of catalytic subunit (blue) and B subunit (orange) complex of yeast DNA polymerase
α (PDB: 3FLO [133]). Two Zn metals (gray) were bound to CTD. Zn-2 (CysB) binding site was later experimentally shown to be a Fe–S cluster, but Zn is bound in this structure;
(C) structure of C-terminal regulatory domain of human DNA primase (PDB: 3L9Q [150]).
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knowledge of these Fe–S co-factor properties and functions for DNA
metabolism, the structural biochemistry of these Fe–S cluster enzymes
is analyzed below.
5. Glycosylases are on the front lines of ﬁnding and repairing
frequent DNA damage
DNA glycosylases are a diverse family of enzymes that recognize and
remove damaged bases in DNA. These enzymes are on the front lines of
repairing damage due to spontaneous DNA decay from deamination,
oxidation, or methylation [83–85] in the process that removes base
lesions that do not generally distort the DNA helix called Base Excision
Repair (BER). This damage is frequent, with an estimated 2000–
10,000 purine turnover events per cell per day just from hydrolytic
depurination [86]. As seen from the ﬁrst glycosylase-DNA structures,
these enzymes bend double-stranded DNA and ﬂip out the nucleotide
containing the damaged base, which breaks base packing on the dam-
aged strand [87]. Evolution has responded with many different DNA
glycosylases, spanning six different structural superfamilies [83,88].
Two of these superfamilies contain members that have Fe–S clusters:
1) the helix–hairpin–helix (HhH) superfamily, named for a secondary
structural element important for DNA binding, contains E. coli endonu-
clease III and MutY and their mammalian homologs, hNTH1 and
MUTYH [89], and 2) the uracil DNA glycosylase family has
thermophile-speciﬁc UDG enzymes that contain Fe–S clusters [90].
With orwithout Fe–S clusters, all DNA glycosylases have the remarkable
ability to detect a single damaged base among a vast sea of normal bases
[91]. Other DNA binding proteins that bend DNA and ﬂip out nucleo-
tides, such as ATL [92], have the potential to regulate DNA replication
and repair processes by disrupting DNA CT. Despite forty years ofresearch that followed the identiﬁcation of the ﬁrst DNA glycosylase
[93], the basis of efﬁcient and speciﬁc damage recognition is still contro-
versial. Furthermore, the initiation of DNA repair by glycosylases and
the subsequent abasic site cleavage by endonucleases creates interme-
diates that may be more toxic and mutagenic than the initial lesion.
Product binding to control and coordinate a direct handoff of intermedi-
ates is likely essential for genome integrity, as proposed from the struc-
tural biochemistry of both the human uracil DNA glycosylase UDG and
the apurinic/apyrimidinic endonuclease APE1 [94,95]. From the analysis
of structures, we are thus beginning to appreciate that processes such as
DNA repair are choreographed by interrelated interactions [96], but
how these processes are coordinated among pathways and with pro-
cesses such as replication is poorly understood. Fe–S clusters may pro-
vide a means to control product binding and coordination with
general implications for coordination within and among pathways [69].
5.1. Endonuclease III was the ﬁrst Fe–S DNA repair enzyme discovered and
DNA binding shifts the redox potential
The ﬁrst DNA repair enzyme discovered to contain an [4Fe–4S]
clusterwas endonuclease III (EndoIII) from E. coli [35,89]. EndoIII is a bi-
functional DNA glycosylase for oxidized pyrimidines that can cleave
both the N-glycosidic bond between a damaged base and the deoxyri-
bose sugar, and nick the DNA backbone [97]. Initial characterization of
the puriﬁed enzyme showed that it contained a single [4Fe–4S] cluster
in the 2+ oxidation state and that the cluster was not easily oxidized
or reduced under physiological conditions [35], so a redox role for the
cluster was not readily apparent. The crystal structure later revealed
that the cluster positions conserved basic residues for interaction with
the DNA phosphate backbone [98], suggesting that the cluster played
an important structural role for DNA binding (Fig. 4A–B). A redox role
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on DNA-modiﬁed electrodes revealed that DNA binding shifts the redox
potential of the 3+/2+ couple into the physiological range [99]. In
EndoIII, the Fe–S cluster, the protein structure, and the DNA all conspire
to throw a redox active switch—the cluster is needed to position the
protein structure such that theprotein can bindDNAwhile DNAbinding
activates the cluster toward oxidation, ensuring that cluster oxidation is
DNA-mediated (Fig. 4B).
5.2. TheMutY Fe–S cluster is important for enzymatic activity and organizes
a hydrogen bond network important in cancer predisposition
MutY from E. coliwas ﬁrst discovered as an adenine glycosylase that
removes adenine from G-A mispairs, but was later shown to be part of
the E. coli GO system that removes oxidatively damaged guanine from
DNA [100–103]. MutY was the second example of a DNA repair enzyme
with an Fe–S cluster as it was cloned shortly after the discovery of the
Fe–S cluster in EndoIII. Sequence alignment between the two enzymes
revealed signiﬁcant similarity in their N-terminal domains and a shared
set of four identically spaced cysteines, suggesting these cysteines
coordinate an [4Fe–4S] cluster in MutY as they do in EndoIII [102]. The
crystal structure of MutY revealed that it conserves the overall bi-lobal
architecture of EndoIII, with the buried [4Fe–4S] cluster organizing en-
zyme loops and alpha helices at the DNA binding surface [104]. The
structure of MutY with DNA showed that the strand that contains the
substrate adenine, which is ﬂipped out from the DNA helix, runs
through a deep cleft between the catalytic six-helix barrel domain and
the [4Fe–4S] cluster domain [105]. Replacing the Fe–S cysteine ligands
with serine, histidine, or alanine either dramatically effected solubil-
ity of MutY or decreased DNA substrate binding afﬁnity, indicating
the structural importance of the cluster in protein stability and activi-
ty [90,106]. Interestingly, the Fe–S clusterwas not found to affect protein
folding as MutY can be denatured and refolded in the absence of ferrous
and sulﬁde ionswithout a change in thermal stability [107]. This refolded
apo enzyme does not have adenine glycosylase or DNA binding activity,
but these activities can be restored by the addition of ferrous and sulﬁde
ions [107], providing further evidence of the critical role the Fe–S cluster
plays in MutY activity.
A crystal structure of more than half of the human homolog of MutY
(MUTYH) shows a hydrogen bond network around the Fe–S clusterFig. 4. Important structure elements of EndoIII DNA interaction and MUTYH MAP mutations in
complexwith [4Fe–4S] cluster (PDB:1P59 [80]). Fe–S cluster domain and DNA are shown in blu
domain and DNA form tightly H-bonding networks on Endo III-DNA complex (PDB:1P59 [80]).
hold Fe–S cluster domain with α-H helix together. That interaction positions conserved residu
helix. And that positions residueR186 to formH-bondingwithDNAphosphate and ribose group
S are shown in brown and yellow spheres, respectively. C) The interactions of human MUTYH
R231C/H, V232F, and R195C (shown in cyan stick) form H-bonding network with Fe–S clus
Additionally, residue R295 forms H-bonding with E289 to ﬁx the helix conformation for Fe–S c
Fe–S cluster domain. (PDB:3N5N [108]).[108] (Fig. 4C). Several of these residues are associated with MUTYH-
associated polyposis, an inherited disorder that predisposes patients
to colorectal tumors [109]. This H-bond network plus one of the
cluster-coordinating cysteine residues are critical for orienting a
helix of the interdomain connector (IDC) [108]. The IDC connects
the N- and C-terminal domains that make up the bi-lobal architecture
of MutY, but differs signiﬁcantly in sequence and length in eukaryotes
[108]. Mammalian IDCs have three additional conserved cysteine resi-
dues that were recently shown to coordinate a zinc ion [110]. Serine
substitution mutants of the coordinating cysteines were found to have
low iron content suggesting that a coordinated zinc ion in the IDC
may be important for Fe–S cluster insertion [110]. The eukaryotic IDC
is important for the interaction of MUTYH with the 9-1-1 complex,
DNA damage selection, and robust enzymatic activity [108]. Therefore,
the Fe–S cluster and the structural elements surrounding the cluster
play key roles in MUTYH biology and cancer prevention. Like EndoIII,
MutY becomes redox active when bound to DNA [99]. A model for
how redox active glycosylases can increase the efﬁciency of damage
detection is discussed below.
5.3. DNA charge transfer model of damage detection by DNA glycosylases
As DNA CT occurs only through an intact DNA duplex, DNA CT has
been proposed by Jacqueline K. Barton and her laboratory, to be an efﬁ-
cient means for BER proteins that contain [4Fe–4S] clusters to redistrib-
ute in the vicinity of DNA damage and hence efﬁciently detect base
damage in the vast sea of normal DNA [70] (Fig. 7A). This has been
shown for MutY, which repairs oxodG-A mismatches, and EndoIII,
which repairs hydroxylated pyrimidines [72,99]. In this model, DNA
CT is a ﬁrst step in lesion detection by localizing proteins near the dam-
age. DNA CT is initiated by a guanine cation radical oxidizing a nearby
MutY Fe–S cluster to a more tight-binding oxidized 3+ state. If the
DNA is undamaged, the binding of a second repair enzymewith similar
redox potential, e.g. another MutYmolecule or EndoIII, reduces the ﬁrst
cluster to 2+ state, which decreases its afﬁnity for DNA and the protein
dissociates. This long range DNA CT to reduce EndoIII can only occur if
the intervening DNA is intact and undamaged, effectively scanning
this region of the genome. This cycle of binding, DNA CT, and release
causes the local concentration of MutY (or EndoIII) to remain low on
undamaged DNA. In the presence of damage, however, the secondthe Fe–S domain. A) The overall structure of G. stearothermophilus Endonuclease III-DNA
e and green, respectively. B) Zoom in view of A show the interactions between Fe–S cluster
Conserved residue R144 forms H-bondingwith residues C189, A191, and K190 that tightly
e R148 to form H-bonding with DNA phosphate group and carbonyl group of G185 on α-J
s. Interacting residues are shown in stick, H-bonding is shown inpurple dot line, and Fe and
associated polyposis (MAP) mutations with Fe–S cluster domain. MAP mutations R227W,
ter domain. The similar interactions have been observed in EndoIII structure (Fig. 4B).
luster binding. Mutation of V232F can form steric clash with F82 that will destabilize the
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both molecules stay bound in the vicinity of damage to promote a
higher local concentration of glycosylase around the damaged base for
subsequent damage detection (Fig. 7A). This redistribution has been
monitored in vitro by atomic force microscopy (AFM) where mutants
unable to carry out DNA CT do not preferentially bind to damaged
DNA [69,72]. In fact, in a series of mutants, a direct correlation was evi-
dent between the ability of EndoIII mutants to localize near a mismatch
(which also inhibits DNA CT but is not a substrate for EndoIII) and their
ability to carry out DNA CT [70].
By using DNA CT as a ﬁrst step to localize near damage, the BER en-
zymes are hypothesized to effectively help one another search for dam-
age within the cell. The more proteins involved with similar redox
potentials that can exchange electrons, the more efﬁcient the process,
even if some repair enzymes are in low copy number. Using measured
copy numbers, genome sizes, diffusion constants, etc., calculations
show that a search of the E. coli genome by facilitated diffusive hopping
of repair proteins (and even assuming no other protein trafﬁc) is too
slow to account for the efﬁciency of repair within the cell; yet, incorpo-
ratingDNACT over even a fewhundredbase pairs (distances for DNACT
that have been documented [73]) signiﬁcantly improves the search
time [72]. Consistent with this model, the MutY activity in E. coli is re-
duced in EndoIII deletion mutants, therefore EndoIII appears to aid
MutY in repair. Furthermore, mutations that affect EndoIII CT activity
that are otherwise active glycosylases also show attenuated cellular
MutY activity [72], establishing a link in vivo between helping MutY
and ability to perform DNA CT.
6. The XPD family of 5′-3′ helicases have diverse functions in DNA
repair
The discovery that the XPD and FancJ helicases have Fe–S clusters
[10] was truly a breakthrough in understanding the molecular mecha-
nisms of this family of helicases. First, it allowed crystal structures of
XPD to be solved [111–113], especially in our case as crystals of Sulfolobus
acidocaldarius XPD could not be grown in the presence of oxygen [112].
Second, it suggested that Fe–S clusters may be a more general feature
of DNA processing enzymes and not restricted to a few classes of
glycosylases. Here, we consider four members of this unique family of
Fe–S helicases and discuss their roles in DNA repair and related roles in
DNA replication. Although the importance of these Fe–S helicases is
underscored by their tight linkage to human disease and to cancer pre-
disposition, the precise roles of their Fe–S clusters remain enigmatic.
6.1. XPD has a redox active Fe–S cluster with tight structural connections to
catalytic domains
XPD is a SF2 DNA helicase with 5′-3′ polarity that serves as the pri-
mary helicase responsible for opening a DNA bubble during nucleotide
excision repair (NER) and as an ATPase aiding transcription. In eukary-
otes, XPD is part of the TFIIH machinery that participates in both tran-
scription and DNA repair. Point mutations in XPD cause human diseases
with increased cancer risk or premature aging: Xeroderma pigmentosum
(XP), Cockayne syndrome (CS), trichothiodystrophy (TTD), or combina-
tions including XP/CS or XP/TTD [114]. Chemical analyses and crystal
structures of archaeal homologs of XPD revealed the presence of a
[4Fe–4S] cluster in a domain that interrupts one of the two helicase do-
mains [10,111–113]. In the absence of the Fe–S cluster, the Fe–S cluster
domain becomes highly disordered, disrupting the structure of the
nearby arch domain (Fig. 5A). One TTD point mutation K84H (R112H in
humans) is located near the [4Fe–4S] cluster and forms hydrogen-
bonding with the one of the cysteine ligands. The mutation of lysine to
histidine can disrupt this H-bonding interaction due to the short length
of the histidine residue (Fig. 5B), perturbing the protein environment
around the Fe–S cluster. More importantly, this mutation could change
the redox potential of Fe–S cluster, as hydrogen bonding interactionswith Fe–S clusters play a key role in modulating the accessible redox
couple [115]. The tight structural connection between the Fe–S cluster
domain and the helicase domains provides mechanical coupling of the
cluster domainmotions to those in the ATP site.Mutations in Fe–S cluster
cysteines or chemical oxidation of the cluster abolishes helicase activity
and severely affects ATPase activity [112]. The S. acidocaldarius XPD
(SaXPD) Fe–S cluster has a DNA-bound redox potential of ~80 mV on
DNA modiﬁed gold electrodes (versus a normal hydrogen electrode
(NHE) reference), which is similar to the physiologically active redox po-
tentials of the DNA glycosylases [116]. ATP hydrolysis increases DNA CT
activity, suggesting that motions of the helicase domains are coupled to
the Fe–S domain, resulting in increasedDNACT activity [116]. Surprising-
ly, SaXPD participates in damage detection with E. coli EndoIII even
though amismatch is not a substrate for XPD, suggesting that Fe–S repair
proteins fromdifferent repair pathways and in this case, different species,
can coordinate in the search for damage using DNA CT in vitro [69]. In
vivo, a similar coordination between the DNA damage response helicase,
DinG, and EndoIII has been observed genetically, suggesting that DNA CT
signaling occurs within the cell [77].
6.2. FancJ is important in cancer predisposition and interstrand crosslink
repair
Like XPD, mutations in FancJ are associated with predisposition
to cancer. FancJ was ﬁrst discovered as a protein that interacts
with the BRCT motifs of BRCA1 and strong homology to the XPD
family of DEAH helicases, so it was named BACH1 for Brca1-Associated
C-terminal Helicase [10,117,118]. BACH1 was later found to be the
product of the FANCJ gene that is deﬁcient in Fanconi anemia (FA), a
rare recessive disease with a high risk of developing leukemias and
solid tumors [118–121]. The FA pathway is now known to include 16
gene products that repair DNA interstrand crosslinks [122]. FancJ is one
of several factors referred to as downstream components of the FA
pathway that link the FA pathway to homologous recombination (HR)
including BRCA2 (FANCD1), PALB2 (FANCN), and RAD51C (FANCO)
[122]. In vitro, FancJ can resolve G4 DNA structures, displaces protein
bound to DNA, and forms a functional dimer [123]. A mutation in the
Fe–S cluster domain (M299I) of the human protein, leads to early
onset breast cancer and the enzyme showed increased in vitro ATPase
activitywithout a corresponding increase inhelicase activity, highlighting
the biochemical and physiological importance of the Fe–S cluster domain
in regulating the helicase activity of FancJ [124].
6.3. The Fe–S helicase RTEL1 is important for homologous recombination
and telomere maintenance
RTEL1 was ﬁrst identiﬁed as a factor that regulates telomere length
in mice, but was later found to regulate homologous recombination in
mitotic and meiotic cells [125,126]. RTEL1 is able to unwind displace-
ment (D)-loop intermediates during HR and T-loops at telomeres
[126]. Like XPD and FancJ, mutations in RTEL1 have been linked to
cancer predisposition and human disease. Genome-wide association
studies (GWAS) have linked single nucleotide polymorphisms (SNPs)
in RTEL1 with brain tumors [126,127] and several nonsense and mis-
sense mutations in RTEL1 have been linked to the rare, bone-marrow
condition, Hoyeraal–Hreidarsson syndrome (HH) [126]. Like FancJ,
RTEL1 is much larger than XPD and is predicted to have additional
domains in the C-terminal half. A Harmonin-N-like domain likely
plays a role in protein–protein interactions and a cysteine rich C4C4
RING-ﬁnger domain may coordinate metal ions at the C-terminus
[126,128]. The precise functions of these domains are unknown, but
are of great interest as many patient mutations have been mapped
to these domains. A recent study has suggested the N-terminal domain,
containing 4Fe–4S cluster with a redox midpoint potential of−248 ±
10 mV, of human RTEL1 is not directly involved in DNA binding [129].
Fig. 5. The XPD Fe–S cluster coordinates key structural elements and is important in human disease. A) Fe–S cluster stabilizes the local structure folding of Fe–S cluster domain in SaXPD
(blue) (PDB:3CRV [112]). 55 residues in the Fe–S cluster domainbecomes completely disorderedwithout Fe–S cluster (cyan) (PDB:3CRW [112]). TheArchdomain (orange) is also affected
in the absence of Fe–S cluster (red). The disorder region is shown as green dot line. B) The impact of TTD mutation K84H on Fe–S cluster domain in SaXPD. Residue K84 forms hydrogen
bonding (purple dot line) with one of the cysteine ligands of [4Fe–4S] cluster. [4Fe–4S] cluster was surrounded by many hydrophobic residues that control the solvent accessibility. The
mutation of lysine to histidine can disrupt hydrogen-bonding interaction and impact the protein environment and redox potential of Fe–S cluster. The Fe–S cluster domain is shown in
blue; residues K84 and hydrophobic residues are shown in stick.
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6.4. Chlr1 is a Fe–S helicase with proposed roles in DNA replication and sis-
ter chromatid cohesion
Mutations in ChlR1 (DDX11) cause the recently identiﬁed Warsaw
Breakage Syndrome that was named for an individual from Warsaw,
Poland who was thought to have a chromosome-instability syndrome
due to severe microcephaly, growth retardation and abnormal skin
pigmentation [130,131]. Cytogenetic analysis of patient cells treated
with mitomycin C (MMC) suggested a diagnosis of FA due to MMC sen-
sitivity, but further analysis showed an increase in chromosome separa-
tion that is not observed in FA [130,131]. Sequence analysis revealed
mutations in the ChlR1 (DDX11) gene in both alleles, and this patient
remains the only known example of a genetic defect in ChlR1. Like
other members of this helicase family, ChlR1 is a 5′-3′ SF2 family
helicase with a [4Fe–4S] cluster between helicase motifs 1A and II [10,
131]. Due to its unwinding activity on diverse DNA substrates and its in-
teraction with several DNA replication factors such as FEN1 and PCNA,
ChlR1 was proposed to play a role in processing lagging strand replica-
tion intermediates that affect sister chromatid cohesion [131], however
the role of the Fe–S cluster in Chlr1 is unknown.
7. All replicative DNApolymerases have Fe–S clusters with unknown
roles
The catalytic subunits of all eukaryotic B-family DNA polymerases
can be separated into two domains—an N-terminal catalytic domain
that contains conserved polymerase motifs and a C-terminal domain
(CTD) that contains eight conserved cysteines (Fig. 2B). It was thought
that these cysteines formed two zinc ﬁnger motifs [132] until the
observation that a mutation in one of the cysteines of the second motif
(CysB) of yeast Pol3 (a pol δ homolog) was synthetically lethal with
essential Fe–S protein assembly machinery genes [12]. Radiolabeling
experiments with 55Fe and cysteine mutants revealed that CysB in Pol1,
Pol2, and Pol3 coordinates an Fe–S cluster [12]. Further analysis
established that the [4Fe–4S] cluster in CysB is important for complex for-
mation with accessory subunits while the CysA Zn-binding motif is cru-
cial for PCNA binding to pol δ [12]. Therefore, one function of the Fe–Sdomain is structural, in mediating interactions with the accessory sub-
units of multi-subunit polymerase complexes [12]. However, the choice
of iron is likelymore than just structural, since the Fe–S cluster can be re-
placed by zinc, at least in polα, without disrupting subunit–subunit inter-
actions [133]. Furthermore, only the CTD of pol ε is essential for life, not
the N-terminal catalytic domain [134], suggesting that the CTD domain
and perhaps the Fe–S cluster plays essential roles in DNA replication
and metabolism. The Fe–S cluster is thus associated with an essential
function, butwhyhas this potentially toxic Fe–S cluster not been replaced
by other metals? We know from other types of metalloenzymes, such as
the abasic site endonucleases, that replacement of one metal ion by
another such as zinc can be accomplished while maintaining activity [9].
Indeed, different superoxide dismutases can use Cu, Mn, Fe, or Ni ions to
accomplish the same reaction [31,135–137]. Evidently, there are regula-
tory functions that have strong and speciﬁc evolutionary selection for
Fe–S clusters over other metal ions and structural elements.
7.1. DNA polymerases delta, epsilon, and zeta have Fe–S clusters in ﬂexible
CTD domains
DNApolymerase delta (Pol δ) and epsilon (Pol ε) are essential in lag-
ging and leading strands DNA replication process, respectively. Pol δ
consists of a catalytic subunit p125 and three accessory subunits p66,
p50, and p12 that form a heterotetramer and interacts with proliferat-
ing cell nuclear antigen (PCNA) for processivity [138]. During Okazaki
fragment maturation, pol δ coordinates with either ﬂap endonuclease
1 (FEN1) or the Dna2 nuclease-helicase to remove priming RNA [139].
Pol δ has been shown to participate in PCNA-dependent base-excision
repair, mismatch repair, and redundantly with pol ε in NER [140].
Pol ε is also a heterotetrameric protein that contains a catalytic sub-
unit p261 and accessory subunits p59, 17, and p12 [141]. Pol ε is respon-
sible for DNA leading strand replication and has more processive
activity than pol δ with PCNA-dependent DNA elongation [142]. Pols δ
and ε are extremely accurate with an estimated mutation rate of less
than 1 × 10−9 per base pair. Both pol ε and δ achieve high ﬁdelity by
high nucleotide selectivity, proofreading with their exonuclease activi-
ty, and the post-replication DNAmismatch repair [143]. The high nucle-
otide selectivity may result from the tight steric ﬁt in the base-pair
binding pocket that only ﬁts the nascent Watson–Crick base pair
[144]. Crystal structure of yeast pol δ catalytic domain with DNA
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binding pocket that can potentially sense template-primer mismatch
and switch to exonuclease editing mode [145].
Besides their high ﬁdelity, pols ε and δ replicate DNA at a rate of 50
nucleotides per second. Yet, the [4Fe–4S] cluster was the chosen cofac-
tor to be put in such a high speed and high accuracy process.What is the
uniqueness or role of Fe–S cluster in these polymerases? Fe–S clusters
possess sensitivity to protein environment (i.e. polarity) and delicate
redox properties. The replication polymerase Fe–S clusters are all
found in the polymerase C-terminal domains [12] of catalytic subunit.
Yeast genetics revealed the puzzling result that the N-terminal catalytic
domain of pol ϵ is dispensable; only the C-terminal domain is essential
for life [134]. One clue comes from the cryo-electron microscopy
(cryo-EM) structure of yeast DNA pol ϵ suggests that while the globular
N-terminal catalytic domain is stable, the C-terminal domain containing
the Fe–S cluster is both ﬂexible and positioned to make extensive con-
tact with the duplexed primer:template DNA [146]. The positioning of
the Fe–S cluster near the DNA polyanion may shift its redox potential.
Pol ζ, another B-family DNA polymerase, is responsible for
translesion DNA synthesis. Pol ζ is consists of a catalytic domain Rev3,
an accessory domain Rev7, and shared accessory domains p50 and
p66 of pol δ. The C-terminal domain of pol ζ, which contains the Fe–S
cluster, communicates with pol δ and switches with the catalytic
domain of pol δ during translesion DNA synthesis [147]. It is possible
that all B-family DNA polymerases communicate with each other in a
similar manner by their essential Fe–S cluster domain, and this merits
investigation.
7.2. The Fe–S cluster is substituted with zinc in the DNA polymerase alpha
crystal structure
In eukaryotes, DNA polymerase alpha (polα) workswith primase to
generate the primers necessary for DNA synthesis. DNApolα consists of
a p180 catalytic domain and a p70 accessory subunit B. It has been
shown that the C-terminal domain (CTD) of p180 forms complexes
with the p70 subunit B and primase p58 subunits that together stimu-
late primase activity [148,149]. Like pols δ, ε, and ζ, the pol α CTD con-
tains two motifs with conserved cysteine residues. Crystal structures of
the heterodimeric complex of yeast pol α CTD and subunit B have been
determined with Zn bound to both cysteine motifs (Fig. 3B) [133]. The
structure reveals an intriguing fold with two Zn binding modules (Zn-
1 and Zn-2) connected by a three-helix bundle. This helix bundle and
the Zn-2 binding module are essential for interaction with subunit B
based on the structure. Surprisingly, it was later demonstrated that
the pol α CysB (Zn-2 binding module), and the CysB motifs of pols δ,
ε, and ζ, all coordinate a [4Fe–4S] cluster, not zinc, in vivo [12]. Replace-
ment of an Fe–S cluster with zinc is commonwhen the protein is heter-
ologously expressed [40]. The EM 3D-reconstruction of yeast pol α
catalytic domainwith subunit B has shown anelongated shapewith dis-
tinct lobes. The CTD and subunit B complex was ﬁtted to the smaller
lobe, which is connected to the catalytic domain through a ﬂexible link-
er [133]. A conformational change upon binding to primase may occur
for RNA primer synthesis. Collective results show that the Fe–S cluster
in the conserved CysB motif of pol α is essential for binding with its ac-
cessory subunit B that regulates primase activity.
7.3. The Fe–S cluster in primase is buried among α-helices
The heterotetrameric complex of DNApolα and primase (pol–prim)
is responsible for generating primers on both the leading and lagging
strands of replication. Primase, the only known eukaryotic polymerase
capable of initiating DNA synthesis de novo, is the ﬁrst to engage the
DNA template and synthesizes an 8–12 nucleotide RNA primer.
Remarkably, primase is able to count the length of this initial primer
and when the threshold is reached, it hands off the DNA substrate to
pol α. Human primase is a heterodimer of the catalytic 48 kDa (p48)and regulatory 58 kDa (p58) subunits. Despite its unique biochemistry
and fundamental importance in replication, the structural information
available from any higher eukaryote is limited to structures of the
human p58 C-terminal [4Fe–4S] cluster domain (p58C) [150] and
human p58 N-terminal domain (p58N)-p48 heterodimeric subunits
[150,151]. The crystal structure of primase Fe–S cluster domain
(p58C) reveals a fold unique from other Fe–S proteins (Fig. 3C). The
[4Fe–4S] cluster is well buried in a hydrophobic core of three α-
helices. It will be interesting to see how the Fe–S cluster domain inter-
acts with the p48 subunit in an RNA-DNA bound structure and even
more exciting to see the interaction with the CTD of DNA pol α.
7.4. The Dna2 Fe–S cluster plays a critical role in its nuclease and helicase
activities
Dna2 is a multifunctional enzyme with both nuclease and helicase
domains fused in a single polypeptide. As Dna2 is required in vivo for
Okazaki fragment maturation and resection of double-strand breaks in
a complex with Sgs1/BLM [152–154], Dna2 links replication fork
collapse and replication fork restart through recombinational repair
mechanisms. Dna2, bacterial AddAB, and the CRISPR associated protein
Cas4 nuclease are in the conserved RecB nuclease family but with an
added Fe–S cluster [155–157]. Mutations in the Fe–S cysteines do not
affect DNA binding activity, but change the way in which the protein
binds DNA and abolish both DNA-dependent ATPase and helicase activ-
ity [11]. The Fe–S cluster mutants have defects in DNA replication and
repair in vivo that correlate in intensity with their effect on the catalytic
activities in vitro, conﬁrming a critical role for the Fe–S cluster in Dna2
activities [11]. Dna2 knockdown makes normal cells sensitive to
cisplatin but rescues the sensitivity of FANCD2−/− cells to cisplatin
and formaldehyde [158]. In the absence of the FA pathway, Dna2 is
deleterious to crosslink repair by causing excess resection [158].
We suggest that DNA CT from the polymerase to Dna2 may help
coordinate synthesis events with FEN1, which bends and opens DNA
to remove the ﬁnal RNA base [159], and is associated with Dna2. Fur-
thermore the break repair and replication fork nuclease Mre11, which
must open double-stranded DNA to have it reach the active site metal
ions [160], also interacts with Dna2 suggesting its Fe–S cluster could
act in local regulation of partner enzymes as well as at a distance
[152]. As in human cells, different MRE11 nuclease endonuclease and
exonuclease activities control pathway choice [161], Dna2 and its Fe–S
cluster are positioned to help determine pathway choice at breaks in
concert with Mre11 and as a possible complement to direct conforma-
tional connections to Mre11 via phosphoprotein partner Nbs1 [162].
In general, we know from analyzing other DNA repair nucleases that
they typically reshape the DNA and sometimes themselves to achieve
extraordinary speciﬁcity and efﬁciency [163], suggesting that strict reg-
ulatory processes have evolved to inhibit resection nucleases, and Fe–S
clusters may play a role in this regulation.
8. DNA processing enzymes with Fe–S clusters have critical roles in
cancer and other diseases
Defects in Fe–S cluster-containing DNA processing enzymes are im-
plicated in human diseases and cancer predisposition. Mutations in the
human MutY cause MUTYH-associated polyposis that is an inherited
autosomal recessive disease with a high predisposition to colorectal tu-
mors [109]. The predominance of colorectal tumors is thought to be due
to the high level of oxidative damage in the colon and the role ofMUTYH
in repairing oxidative damage [109]. Several of the residues implicated
in this disease are important for coordinating a hydrogen bond network
around the Fe–S cluster (Fig. 4C) [108].
Mutations in XPD helicase are linked to Xeroderma pigmentosum
(XP), trichothiodystrophy (TTD), Cockayne syndrome (CS), and cere-
bral–ocular–facial syndrome (COFS) [164]. XP is a rare autosomal reces-
sive disorderwith sun sensitivity and UV radiation-induced skin cancer.
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homolog crystal structures that show different impacts on struc-
ture [112,114]. XP mutants impact DNA and ATP-binding, XP/CS mu-
tants impact helicase domain 1 and 2 conformational change, and TTD
mutants impact the overall structural framework. One of the most fre-
quent mutations found in TTD patients is the R112H substitution that
is in the XPD Fe–S domain [165]. R112 (K84 in SaXPD) forms
hydrogen bonds with one of the cluster-coordinating cysteines
(Fig. 5B). Patients homozygous for this mutation have a moderate
phenotype despite having a severe cellular defect in DNA repair [165].
Mutations of FancJ are linked to Fanconi anemia (FA), a rare genetic
disorder characterized by bone marrow failure and retarded growth
and high risk of ovarian cancer [119,166]. A M299I substitution that
was detected in a case of early onset breast cancer [117] is directly adja-
cent to oneof the cluster-coordinating cysteines in FancJ. Andmutations
of RTEL1 cause telomere instability and are linked to Dyskeratosis con-
genital (DC) and Hoyeraal–Hreidarsson syndrome (HHS) [167,168].
DC is a rare inherited disorder characterized by bone marrow failure
and cancer predisposition syndrome. HHS is a severe variant of DC
that is characterized by bonemarrow failure, cerebellar hypoplasia, im-
munodeﬁciency, and developmental defects. ChlR1 has been suggested
as a tumor suppressor because deﬁciency of ChlR1 leads to high risk of
cancer development [169]. Mutations in ChlR1 cause genome instability
and are linked to Warsaw breakage syndrome (WABS), which shows a
combination of features of Fanconi anemia and Roberts syndrome [130],
characterized by drug-induced chromosomal breakage and sister chro-
matid cohesion defects.
Based on yeast studies, the Dna2 helicase–endonuclease has been
suggested to be associated with mitochondrial DNA deletion syndrome
with progressive myopathy and Werner syndrome, which is a prema-
ture aging disorder [170,171]. Mutations of Dna2 in adult onset show
features of mitochondrial myopathy with muscle mitochondrial DNA
instability. Based on genetic complementation studies in yeast, WRN
(Werner syndrome) gene has been shown to rescue the Dna2 mutant
phenotype cell growth and DNA replication and has interactions with
humanﬂap endonuclease 1 (FEN1),which physically and genetically in-
teracts with Dna2 [172].
Due to the critical role that the replicative DNA polymerases play in
the essential process of DNA replication, these enzymes are rarely asso-
ciated with human disease. However, the extremely rare N syndrome, a
multiple congenital anomaly mental retardation syndrome, was sug-
gested to be caused by defect in pol α [173]. More recently, large-scale
integrated genomic characterization of speciﬁc cancers have found a
strong link between mutations in pol ε and sporadic colorectal cancers
and endometrial carcinomas [174–177].
Defects of mitochondrial Fe–S cluster biosynthesis impair Fe–S
cluster maturation and iron homeostasis and cause several human
diseases [30,178], including one of the most frequent inherited
ataxias, Friedreich ataxia (FRDA). FRDA is an autosomal recessive
neurodegenerative disorder caused by the deﬁciency of frataxin pro-
tein [179] with a prevalence estimated at 1:50,000 individuals or
1:20,000–125,000 in the Caucasian population [180]. Several point
mutations found from FRDA patients cause either instability of
frataxin folding [181] or incapability of functioning in Fe–S cluster
biogenesis [182]. The roles of frataxin in Fe–S cluster biogenesis have
been proposed as an iron donor [183,184] and as an allosteric regulator
[185–188] for sulfur transfer chemistry in cysteine desulfurase, which
serve as a sulfur donor in Fe–S cluster biogenesis. However, increasing
frataxin level or iron chelator strategies still cannot cure FRDA. Fe–S
clusters are assembled in a scaffold protein ISCU2. Hereditarymyopathy
with lactic acidosis (HML) has been found to be associated with the de-
ﬁciency of ISCU2,which lead to the impairedmitochondrial Fe–S cluster
maturation. HML is a rare inherited disease with the deﬁciency of
succinate dehydrogenase and aconitase, which both need Fe–S clusters
for their function [189,190]. Another human disease sideroblastic ane-
mia has been linked to the deﬁciency of glutaredoxin 5 (GLRX5),which is implicated for the maintenance of mitochondrial and cytosol
iron homeostasis and the Fe–S cluster transfer [191,192]. The deﬁciency
of GLRX5 results the impairment of heme biosynthesis, Fe–S cluster
biosynthesis, and iron depletion in cytosol [193]. Other human diseases
associated with defects in mitochondrial Fe–S cluster biogenesis have
been discussed in recent reviews [30,178]. In the next section, we
consider the cytosolic Fe–S cluster maturationmachinery that is shared
by DNA processing enzymes.
9. DNA processing enzymes share common Fe–S cluster maturation
machinery
All of the DNA processing enzymes discussed above share common
Fe–S biogenesis systems that assemble and deliver Fe–S clusters to tar-
get cytosolic and nuclear apoproteins. The Cytosolic Iron–Sulfur Protein
Assembly (CIA) machinery includes a growing list of proteins responsi-
ble for Fe–S cluster maturation and targeting. Many of these factors
were previously thought to be co-factors in divergent cellular pathways
but have been uncovered as CIA operatives. Despite enormous advances
and discoveries over the last decade, some factors are still being identi-
ﬁed and precise molecular mechanisms for others have yet to be
revealed.
The CIA process (Fig. 6) requires the function of the mitochondrial
Iron Sulfur Cluster (ISC) assembly machinery that assembles its own
Fe–S cluster proteins de novo [194]. An unknown product (S-X) of this
pathway is exported by mitochondrial Atm1 and is essential for CIA
[195,196]. There are indications Atm1 may export a glutathione
(GSH)-coordinated 2Fe2S cluster that is ferried to the cytoplasm by
Grx3/Grx4, though S-X remains unidentiﬁed [197–199]. It is also possi-
ble Atm1 exports the sulfur moiety via a GSH carrier that assembles
with labile cytosolic iron on the scaffold of heterotetramer Nbp35/
Cfd1 (Fig. 6), the ﬁrst cytosolic component of CIA [200–203]. Cfd1 and
Nbp35 are P-loop NTPases that hold up to four [4Fe–4S] clusters, a
pair bridging homo and/or heterodimers and one on each N-termini of
Nbp35 [202]. Binding and/or hydrolysis of nucleotide aswell as an elec-
tron transfer from NADPH/Tah18/Dre2 to the Nbp35/Cfd1 complex is
required for the Fe–S assembly in vivo [204,205]. The electron from
Dre2 could be used to reduce the GSH carrier to its free form to facilitate
delivery of S-X toNbp35/Cfd1. The structuralmechanismof this process
remains unclear as in vitro experiments show that both Cdf1 andNbp35
can individually coordinate and transfer clusters to apoproteins in the
presence of free iron and sulfur without nucleotide binding or complex
formation [203,206]. Plants and bacteria do not have Cfd1 but instead
bind four [4Fe–4S] clusters as a homodimer, while Cdf1 in non-
photosynthetic eukaryotes has been shown in vivo and in vitro to
increase liability and transfer of Fe–S clusters to target apoproteins
[206,207].
The recipient for Nbp35/Cfd1 Fe–S cluster delivery is Nar1 in yeast
and IOP1 in human [208–210] (Fig. 6). Nar1-IOP1 may serve as an
adapter, transiently associating with Nbp35/Cfd1, binding a [4Fe–4S]
cluster and passing it onto the ‘CIA targeting complex’ consisting of
CIA1, CIA2 andMMS19 [208]. CIA2B (FAM96B,MIP18) is the human ho-
molog of yeast CIA2, with CIA2A (FAM96A) being a human paralog ab-
sent in yeast yet involved in cellular iron regulation via its interaction
with Iron Response Protein 2 (IRP2) [211]. CIA1, CIA2, CIA2B and
MMS19 have not yet been shown to hold a Fe–S cluster; it's possible
that this heterotrimer serves as a scaffold for apoproteins that in turn as-
sociates with Nar1-IOP1 to deliver one of its two Fe–S clusters [212].
The core targeting complex consists of three proteins, CIA1, CIA2B
and MMS19, that interacts with upstream Nar1-IOP1 adapter and
downstream end targets [211,213]. The structure of CIA1 solved to 1.7
Å resolution is a seven bladed WD40 repeat that forms a circular plat-
form with ample space for protein partner docking, which would be
consistent with the WD40 protein family [214]. The paralog of CIA2B,
CIA2A, has three high-resolution structures in addition to three struc-
tures of related DUF59 family proteins [213,215,216]. CIA2A forms
Fig. 6. DNA processing enzymes share common Fe–S cluster assembly machinery. A model for the Cytosolic Iron–Sulfur Cluster Assembly (CIA) in three steps. 1) The early steps of the
mitochondrial Iron–Sulfur Cluster (ISC) machinery are essential for CIA. Many required proteins such as the cysteine desulfurase complex Nfs1–Isd11 and the Isu1 scaffold are not
shown. An unknown sulfur-containing compound (X-S) is exported to the cytosol via ATM1, S-X potentially being a glutathione (GSH) coordinated [2Fe–2S] cluster. 2) X-S is transported
to the Cfd1–Nbp35 scaffold complex that assembles the cytosolic [4Fe–4S] clusters.Monothiol glutaredoxins Grx3–Grx4 can transiently bind a [2Fe–2S] cluster andmayhelp shuttle S-X to
Cfd1–Nbp35. NTPase activity and electron transfer fromTah18–Dre2 is required for assembly in vivo. 3) IOP1 serves as a bridge between the scaffold and the CIA targeting complex of CIA1,
CIA2B andMMS19. The targeting complex has been shown to have a long list of interactions with proteins known to have Fe–S clusters. The complex has not yet been shown to hold
an Fe–S cluster, but may instead facilitate cluster handoff between IOP1 and target apoproteins.
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with amyloidogenic proteins [213]. MMS19 is a large HEAT-repeat pro-
tein that is evolutionarily variable in length, sequence and number of
HEAT-repeats [62,208,217,218]. Knocking down CIA1 or CIA2B results
in reduced levels of the other, howeverMMS19 levels are not dependent
on the other two, and MMS19 is the only CIA member that is not re-
quired for viability in yeast [62,208]. MMS19 deletion mutants do result
in a variety of phenotypes that are likely to relate to a Fe–S cluster
deﬁciency in a key protein that requires MMS19 for Fe–S delivery.
Precise molecular mechanisms and functions of these proteins and
how together they facilitate delivery of [4Fe–4S] clusters to target
apoproteins have yet to be revealed. Structures of these proteins together
or in complex with upstream partner Nar1-IOP1 or downstream targets
like XPD or Dna2 would shed needed light on the mechanism of the
CIA targeting complex. Interaction mapping of CIA components would
also be useful to determine what mutations maintain complex stability
but inhibit interactions with target proteins. Identiﬁcation of addi-
tional Fe–S biogenesis factors and further characterization of targeting
complexes may aid the production of recombinant Fe–S proteins in
heterologous expression systems. Overexpression of Fe–S proteins
may overwhelm endogenous Fe–S biogenesis systems, requiring the
co-expression of Fe–S assembly machinery components, deletion of
ISC regulatory genes, or iron and cysteine supplementation. For exam-
ple, deletion of an ISC regulator, IscR, in E. coli, enhanced the activities
of heterologous [FeFe] hydrogenases up to 100-fold when combined
with both iron and cysteine supplementation [219].
10. Hypothesis for communicationbetweenFe–S cluster enzymes on
DNA
If we step back from the protein level and look at these Fe–S cluster
enzymes that act on DNA as a whole, a picture emerges of these en-
zymes all working to maintain or faithfully replicate the genome
(Fig. 1). Disrupted DNA duplex structure is the substrate or product
for all of these enzymes—from glycosylases that act on damaged bases
to helicases that separate the DNA helix to polymerases that act at theinterface of single and double stranded DNA. Furthermore, the DNA
metabolic pathways inwhich these enzymes function are highly coordi-
nated to prevent the formation of toxic intermediates. Since Fe–S
clusters are the common structural feature among these enzymes that
act on disrupted DNA substrates, we propose that Fe–S redox clusters
provide a unique mechanism for key enzymes to rapidly interrogate
DNA integrity and coordinate their activities by sending and receiving
electrons that travel through the pi-stack of DNA [69]; a process we
call DNA charge transfer communication (DNA CTC). Our DNA CTC hy-
pothesis builds on the insightful DNA CT model proposed by Barton
and her laboratory for DNA damage detection for glycosylases
(Fig. 7A) and extends it to propose that DNA CT changes Fe–S cluster
oxidation states in order to alter the conformations, interactions, and
biochemical activities of their respective DNA-bound enzymes in ways
that may orchestrate replication and repair steps.
Protein–protein interaction, ﬂuorescently labeled protein cellular
dynamics, and post-translational modiﬁcation studies have shown
that genome maintenance and propagation require the choreography
of a complex and dynamic dance of multiple machineries. At present
there are no known mechanisms that can fully explain how the action
of different proteins in multi-protein genome maintenance machines,
and the communication between these machines, is coordinated. The
traditional mechanisms for protein communication, via direct protein–
protein contacts and post-translational modiﬁcations, seem slow com-
pared to the microsecond time scale required for ongoing processing
of DNA. Moreover, these mechanisms do not provide a means for
long-range communication, which appears to be required for the cor-
rect progression of biochemical activities provided by the participating
proteins. Our DNACTC hypothesis aligns the unknown role of Fe–S clus-
ters with the unknown orchestration mechanism to explain communi-
cation between key DNA processing proteins at very high speeds and
over long distances. DNA CTC provides an overarching mechanism for
DNA-mediated communication between different proteins in multi-
protein machines and across different machines in multiple pathways.
The key feature is that communication through DNA can occur across
long and short distances, independently of direct protein–protein
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a possible paradigm shift from traditional ideas about interactomes as
having direct or linked protein interfaces rather than being potentially
linked by communication through DNA.
10.1. Coordination of DNA synthesis during DNA replication and repair
DNA synthesis requires the interplay of several different polymerases,
yet the mechanism for coordinating polymerase exchange even at a
single replication fork remains unknown, particularly in eukaryotic
cells. The pol α–primase complex (pol–prim) initiates synthesis by
laying down an RNA–DNA primer. Two replicative polymerases,
DNA pols ϵ and δ, synthesize the leading and lagging strands respective-
ly. Specialized polymerases, such as DNA pol ζ, allow replication past
DNA damage by translesion synthesis (TLS). DNA replication therefore
requires efﬁcient polymerase switching at the primer terminus. Current
models of polymerase switching rely on post-translational modiﬁca-
tions, but these likely act only in the subset of slow polymerase
switching events that occur after DNA damage [220–222]. Such post-
translational modiﬁcations result in altered conformation and interac-
tion sites on protein partners, such as seen in the conformations of
covalently bound ubiquitin on PCNA [223]. Most switching occurs dur-
ing genomic replication, when primase hands off to pol α, and pol α in
turn to pol δ or ϵ. This switching occurs at each origin to initiate leading
strand synthesis and millions of times during lagging strand synthesis.
With the discoveries of Fe–S clusters in primase and pols α, δ, ϵ, and ζ
[12,150], DNA CTC provides an efﬁcient signaling mechanism for poly-
merase switching during DNA replication (Fig. 7B) that does not
require the steps of protein interaction and covalent modiﬁcation. A
primer of 40 nucleotides is required for pol ε to commit to its DNA sub-
strate [146], and the newly synthesized primer may act as a conduit forDNA CTC between pols α and ε, allowing for efﬁcient polymerase
switching. Alternatively, positioning the Fe–S cluster in the ﬂexible pol
ε CTD [146] near the DNA polyanion may shift its redox potential and
cause a conformational change that positions the globular catalytic do-
main to activate processive DNA synthesis. We know for example that
ATP binding and hydrolysis can control the conformation of complexes
and thereby biological outcomes, as seen for the RAD50 ABC ATPase
[224,225]. In comparison, we have relatively little appreciation of the
great ability of Fe–S clusters to effect such regulation of complexes as
mediated by DNA.
More broadly, DNA CTC has the potential to explain the coordina-
tion of origin ﬁring across the genome. For example, both the spatial
and temporal orders of replication origin ﬁring seem to correspond
to the linear genome order. Current proposals suggest that this
“replication wave” may propagate through changes in chromatin
structure, i.e. replication causes a local chromatin destabilization,
so neighboring regions become more accessible for initiation [226].
In our DNA CTC hypothesis, key replication components (e.g. replicative
polymerases and the Dna2 helicase) contain redox centers, which
may allow one replication fork complex to probe DNA integrity and
communicate to the next fork complex along the linear order of the
genome (Fig. 7C). Notably, DNA CTC proceeds effectively through
duplex DNA with and without bound histones [75]. Thus, the DNA
CTC mechanism is rapid, independent of nucleosomes [75], provides
a mechanism for the observed linear order, and may explain ob-
served changes in replication dynamics during development or cell
differentiation.
Protein communication through DNA CTC also provides an addition-
al level of regulation during excision repair to prevent the release of
toxic intermediates. Bulky DNA lesions are repaired by NER, in which
~30 nucleotides containing the damage is excised and new DNA is
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ationwithhumandisease, includingXeroderma pigmentosum (XP) and
other disorders, the precise mechanism for coordinating excision and
synthesis are not known. The textbook model of NER depicts that exci-
sion of the damaged strand occurs before DNA synthesis. However, the
observation that incision on only one side of the lesion (5′ incision by
ERCC1-XPF) is sufﬁcient to initiate DNA synthesis suggests a new NER
model in which DNA synthesis is initiated before excision is complete
[227]. Since the XPG endonuclease that makes the second incision is
closely associated with the XPD helicase [228] that contains a Fe–S
cluster, we propose that DNA CTC from the polymerase to XPD (Fig. 7D)
may help coordinate synthesis with XPG incision. Furthermore, the com-
pletion of DNA synthesis may signal for the release of XPD/TFIIH through
the reduction of the XPD Fe–S cluster by the DNA polymerase. In yeast
XPD, the rad3-102 mutant blocks post-incision events due to defective
release of TFIIH at the sites of damage and leads to replication fork break-
age [229]. Therefore, controlling the efﬁcient release of XPD and TFIIH
may well be as important as coordinating incision events during NER.
11. Synopsis and perspectives
Buildingupon the results discussedhere and aided by ongoing struc-
tural, biochemical, and genetic studies, we can expect major new
emerging insights on Fe–S clusters and their activities in cell biology
of DNA replication, repair and transcription. In particular, as DNA CTC
provides an exquisitely sensitive mechanism to detect disrupted
double-stranded DNA structure over long distances, such as occurs in
most replication and repair intermediates, it is likely that these DNA
CT mechanisms will be under increasing study both in vitro and
in vivo. Cas9 and other tools for gene targeting make the testing of
Fe–S roles in human cells practical [230–232]. Furthermore, biophysical
methods such as SAXS, atomic force microscopy, ﬂuorescent energy
transfer, and electron microscopy are enabling the characterization of
solution architectures, assemblies and conformations [233,234] that
will help address the roles of Fe–S in conformational states and charge
transfer in cells. SAXS can be powerfully combined with X-ray crystal-
lography [235] and advanced SAXS methods, which deﬁne shape,
ﬂexibility, and agreement to atomic models [236–238] have, for exam-
ple, allowed the characterization of multicomponent Fe–S proteins and
membrane complexes [239], as well as conformation change for
proteins acting in DNA complexes [224,240]. Collective X-ray scattering
results suggest conformational variation is a general functional feature
of macromolecules [241], but we know too little about the roles of
Fe–S clusters in conformational changes of DNA bound complexes.
As Fe–S clusters occur across the domains of life, comparative struc-
tures and biochemistry from archaeal hyperthermophiles will likely
continue to be useful for the general understanding of Fe–S functions
in DNA replication and repair proteins [242]. Furthermore, as proteins
can mimic speciﬁc target DNA structures [243], another interesting
issue will be whether protein mimics of DNA may help regulate the
activities of Fe–S cluster enzymes in DNA replication and repair. The
determination of metalloprotein structures can provide an informed
basis for their design [244] and transfer to other frameworks to test an
understanding of their functions [245,246], and this would provide a
possible means to test the role of Fe–S in DNA CTC in vitro and in vivo.
Possible chemical inhibitors of DNA CTC might include redox active
cage metal complexes, but they would have to bind DNA and act in
the low nanomolar range to avoid non-speciﬁc pleiotropic effects. Yet,
such complexes could potentially form potent metal-based inhibitors
for DNACTC functions. Gold nanoparticles, such as used in ultrasensitive
SAXS studies on protein-DNA complexes [247] and in cancer medicine
[248], might be harnessed to alter charge transfer in DNAwhile provid-
ingmarkers for visualization. Furthermore, conducting atomic forcemi-
croscopy coupled with G-quadruplex DNA wires [249,250] could aid
study of Fe–S cluster proteins in DNA replication and repair.Overall, Fe–S clusters in DNA replication and repair are not simply
structural features and remnants from early evolution. Fe–S clusters
seem likely to act in the coordination of replication and repair events
either by local conformational changes and direct interactions or by
longer-range and DNA CTC or both. Whatever the case, ongoing struc-
tural and biophysical elucidations will take our understanding of nano-
scale DNA assemblies and their control of the energetics of charge
transfer and conformational chemistry to the next level of themolecular
circuitry coordinating DNA replication and repair. This knowledge may
directly integrate our understanding of interaction and signaling
networks for DNA replication and repair events. More generally, a
deeper knowledge of the critical roles for Fe–S clusters in DNA replica-
tion and repair enzymes is fundamental to cell biology and medicine
in solving a great mystery of the DNA enzymes critical to life.
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